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We introduce a near-real-time optical imaging method that works via the detection of the intrinsic fluores-
cence of life forms upon excitation by deep-UV (DUV) illumination. A DUV (<250-nm) source enables the
detection of microbes in their native state on natural materials, avoiding background autofluorescence and
without the need for fluorescent dyes or tags. We demonstrate that DUV-laser-induced native fluorescence can
detect bacteria on opaque surfaces at spatial scales ranging from tens of centimeters to micrometers and from
communities to single cells. Given exposure times of 100 �s and low excitation intensities, this technique
enables rapid imaging of bacterial communities and cells without irreversible sample alteration or destruction.
We also demonstrate the first noninvasive detection of bacteria on in situ-incubated environmental experi-
mental samples from the deep ocean (Lo’ihi Seamount), showing the use of DUV native fluorescence for in situ
detection in the deep biosphere and other nutrient-limited environments.

Bacteria are widely recognized for living in extreme en-
vironments and as integral players in processes as varied as
weathering, corrosion, environmental remediation, patho-
genesis, and symbiosis (3, 4, 26). In most of these cases, sur-
face-bound bacteria play key roles (1, 7, 19) and pose a par-
ticular challenge for researchers: the detection and imaging of
life on reflective and/or fluorescent surfaces at the microbial
(�m) scale (5, 12, 18). In environments ranging from the deep
subsurface biosphere, dry deserts, and deep ice cores to hos-
pitals and clean rooms, concentrations of bacteria, either as
spores or active cells, can range from 109 to less than 1,000
cells/gram (14, 22, 24, 25, 29, 34). Finding and quantifying
these microbes when they are on surfaces usually involves
epifluorescence techniques, using dyes that bind to DNA or
proteins, and examining the fluorescence of those dyes under
UV or visible illumination (6, 8, 9, 16, 23, 31).

Current tagging methods offer a number of significant dis-
advantages. First, the mineral surfaces on which the microbes
are found are often themselves highly fluorescent, making the
microbes difficult or impossible to differentiate; second, the
act of adding the fluorescent probe can alter the physical
and chemical nature of the system; additionally, nonspecific
binding can lead to overestimation of cell abundance (2, 18).
Because of the problems associated with the fluorescence of
minerals and staining to detect microbial cells, researchers
typically resort to physically removing cells from surfaces and
staining/counting them separately from their matrix (12). This
is an inefficient process that involves both cell loss and the loss

of information about the mineralogical context that may have
an influence on the microbial ecology. More recently, cell
staining of active cells with SYBR green 1 and a computer-
assisted analysis method has demonstrated an ability to sepa-
rate fluorescent cells from nonspecific binding (17). However,
a label-free method to search for and quantify the distribution
and abundance of bacteria on natural samples over multiple
spatial scales has not been available.

Label-free optical approaches using Raman scattering meth-
ods have been offered as a nondestructive imaging solution (13,
27). However, these systems utilize laser energies greater than
1 � 109 joules/cm2, exceeding the energies necessary for chem-
ical damage to the cell (33), require relatively flat surfaces for
optimal collection efficiency, and can suffer from background
fluorescence of the target and the substrate it may reside on.

In response to these challenges, we have developed an op-
tical method that enables detection and imaging of single bac-
terial cells on natural and opaque surfaces and assessment of
bacterial density and distribution of single cells to biofilms
over spatial scales ranging from microns to centimeters. The
method utilizes deep-UV (DUV) (�250-nm)-laser-induced
native fluorescence of organic components intrinsic to the cell
or spore while avoiding autofluorescence interference from the
substrate. Here we show DUV native fluorescence as a near-
real-time optical imaging method and demonstrate the first
noninvasive detection of bacteria on in situ-incubated environ-
mental experimental samples from the deep ocean (Lo’ihi Sea-
mount) for which we correlate the bacterial biomass to distri-
butions of the iron-oxide precipitates.

MATERIALS AND METHODS

Bacterial culture preparation. Bacterial samples of Shewanella oneidensis
MR1 were obtained from stock cultures from Ken Nealson’s lab at USC. Bac-
terial spores of Bacillus pumilis were obtained from spore enrichments from
Kasthuri Venkateswaran in the Planetary Protection group at JPL. The spores
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were used as the inoculum for the vegetative cells. Both genera were grown in LB
for 24 h to a cell concentration of 107 cells/ml. For MR1 and B. pumilis vegetative
cells, 1 ml of each was washed three times with decreasing concentrations of
phosphate-buffered saline (PBS) to reduce crystallization of salt when the bac-
teria were deposited onto the samples. Washing the cells consisted of centrifug-
ing 1 ml of the culture at 3,000 � g for 5 min, removal of the supernatant, and
resuspension of the cells. Resuspension of the cells was initially in 0.9% PBS and
then in 0.09% and ended with cells in 0.005% PBS.

Substrate inoculation. All samples were inoculated in the same manner. A
total of 100 �l each of the bacteria (107 cells/ml) and spores was spread over each
sample and allowed to dry prior to imaging. Prior to inoculation, the samples
were imaged using the DUV microscope and/or the DUV large-scale raster
scanner to get a background fluorescence reading.

DUV instrumentation. The deep-UV microscope used in these experiments is
a custom instrument. The base system is an Olympus microscope that has been
modified with quartz optics, for excitation and transmission below 350 nm, and
has been coupled to a 224.3-nm HeAg, hollow-cathode laser for DUV epi-
illumination. The DUV laser power at the sample, after UV-enhanced turning
and focusing optics, was maximized to �1 �J/100-�s pulse. In addition to the
deep-UV source, a white-light source from Olympus was attached to a secondary
port on the microscope. A DUV-sensitive electron-multiplied charge-coupled
device (EMCCD) was used for detection.

Illumination of the sample uses a custom 45-degree dichroic filter that injects
both the DUV and the white-light sources through a 52� reflective objective
(Ealing Optics). To acquire native fluorescence images, an electron-multiplied
(EM) gain of 100� was used. In addition to increasing the sensitivity, the
EMCCD was binned 2�. The image integration time was triggered by the DUV
laser and matched to the maximum pulse duration of the DUV laser (100 �s). To
further increase the signal-to-noise ratio (SNR), 10 pulses of the laser over 1 s

(10 Hz) were used with on-chip accumulation. Bandpass filters, centered at 320,
340, and 360 nm, were used to observe the fluorescence. For the overlays,
corresponding visible images using the white-light illumination were taken with-
out a filter. The 52� objective observes a 150- by 150-�m area with white-light
illumination. However, with the DUV laser, a 30-�m diameter spot is illumi-
nated.

For each DUV image, the clock-induced noise from the EMCCD was re-
moved and the grayscale values were colorized. The same processing was per-
formed on the entire image on all native fluorescence microscope images by
using Photoshop CS3. The overlays used only the nonzero regions of the native
fluorescence images shown.

The DUV large-scale raster-scanning instrument combines a targeted UV
chemical sensor (TUCS; Photon Systems, Inc.) and a 248.6-nm NeCu hollow
cathode laser that illuminates the sample with a 4-�J/60-�s pulse. For fluores-
cence detection, six discrete, gated, photomultiplier (PMT)-based detection
bands at 280, 300, 320, 340, 360, and 380 nm were detected simultaneously and
integrated for the 60-�s laser pulse duration.

The excitation laser is focused to a 200-�m spot that is translated over the
sample at a rate that satisfies Nyquist sampling. Using the motor encoders, the
maps are displayed in millimeters and provide spatial coordinates from a regis-
tered set of points to locate the same areas on the DUV microscope stage.

DAPI staining and imaging of mineral surfaces. A total of 2.4 � 104 cells of
MR1 were deposited on freshly split gypsum (calcium sulfate), siderite (iron
carbonate), and basalt samples to compare single-cell detection capabilities of
native fluorescence to those of DAPI (4�,6-diamidino-2-phenylindole) staining.
The comparison between DUV-laser-induced native fluorescence of bacteria and
DAPI staining was performed on the same mineral samples.

Prior to inoculation, the basalt and gypsum samples were analyzed for back-
ground fluorescence, with excitation at 224 nm (DUV microscope) and an Hg

FIG. 1. Label-free and DAPI imaging of bacterial cells on a freshly cleaved gypsum surface. (A) Emission spectra of a variety of minerals
and rocks (siderite, gypsum, orthoclase, and basalt) (this study) (black) and bacterial cells (blue) and spores (red) with 224-nm excitation
(5). The gray bar shows the spectral band used to obtain the native fluorescence images. (B) White-light-illuminated visible image of the
gypsum surface with three putative bacteria. (C) Deep-UV native fluorescence image of image shown in panel B, showing that the objects
correlate to bacterial cells. (D) Overlay of the native fluorescence (shown in panel C) and visible image. (E) UV image of the gypsum sample
after DAPI.
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lamp (traditional epifluorescence microscope excitation filter center, 380 nm).
For comparison between the DUV microscope and the Hg lamp, a 438-nm band
on the DUV microscope was used. This filter overlaps the majority of the DAPI
spectral band and shows the effect of excitation.

After the samples were inoculated with bacterial cells, they were first observed
with the DUV microscope using both the white-light illumination and the DUV
laser source. The white-light illumination enabled detection of bacterial features
using morphology. These were illuminated using the 224.3-nm laser source in
order to detect whether they fluoresced at 320, 340, and 360 nm, a spectral
feature consistent with bacterial cells. After the DUV analysis, the same samples
were stained using DAPI. Prior to staining, visible white-light illumination and
DUV-induced native fluorescence images were used to locate single bacteria on
the surface. A total of 10 ml of a working concentration of DAPI stain (0.3 mM)
was added directly to the samples. Samples were imaged under a traditional
epifluorescence microscope (Nikon E600) with DAPI filters and an Hg lamp for
illumination.

Detection of microbes at multiple spatial scales. In order to test the sensitivity
of this technique at different spatial scales, approximately 1 � 106 MR-1 and B.
pumilis cells and approximately 1 � 104 B. pumilis spores were distributed over
a steel plate such that a concentration gradient was formed along one axis. The
gradient was formed by depositing 100 ml of each sample with a pipettor and
increasing the amount of material released as the pipettor was moved across the
plate. A 1,000-cm2 area of the plate was mapped using a large-scale DUV raster
scanner. Fluorescing regions of the plate were then imaged using the deep-UV
microscope to determine the relative abundance of cells and spores.

RESULTS AND DISCUSSION

Native fluorescence of microbes and substrates. Excitation
at wavelengths between 200 and 250 nm results in fluorescence
responses that can be used to distinguish biological samples
from many other naturally occurring or anthropomorphically
generated environmental fluorophores (5). This response de-
rives from the combinatorial absorption and fluorescence sig-
natures of intrinsic proteins, free amino acids, nucleic acids,
flavins, and other aromatic compounds that have been con-
centrated in the cells; e.g., Bacillus spores exhibit a unique
signature, hypothesized to be due to the high concentrations
of dityrosine in the spore coat (10, 20). Although chro-
mophores associated to specialized bacteria can extend the
range of fluorescence to beyond 600 nm, the majority of the
intrinsic fluorescence signature associated to all bacterial
cells or spores peaks in a UV range between 270 and 400 nm
(Fig. 1A).

The visible image showed morphological features consistent
with the morphology of MR-1 (Fig. 1B). Native fluorescence
images showed 320-nm emissions from these same features

FIG. 2. Bacterial cells on unprepared substrates (siderite and basalt). (A) White-light-illuminated visible image of the siderite surface. The
arrow points to a morphology consistent with a bacterium. (B) Deep-UV native fluorescence image of image shown in panel A, showing that the
morphology indicated by the arrow in the visible image is a bacterium with other previously undetected bacterial cells surrounding it. (C) Overlay
of the native fluorescence (shown in panel B) and visible image (shown in panel A). (D) White-light-illuminated visible image of a basalt surface.
The arrow indicates the location of one of the bacterial cells observed in panel E. (E) Deep-UV native fluorescence image of image shown in panel
D, showing the location of bacterial cells. The arrow points to a bacterium whose morphology cannot be seen in panel D. (F) Overlay of the native
fluorescence (shown in panel E) and visible image (shown in panel D). In some of the fluorescence images, speckled features are bacterial cells
beyond the depth of focus of the microscope.
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and no detectable fluorescence from gypsum. Although a sin-
gle 100-�s pulse can be used to image the cells (see movie in
the supplemental material), 10 pulses were accumulated on
the chip to increase the signal-to-noise ratio to 6.8, with a
signal-to-background contrast ratio of �2,000:1. The native
fluorescence images compare favorably to those of DAPI
staining, with respect to the localization of microbes on the
gypsum surface (Fig. 1B to E), and do not result in the
background fluorescence seen in the DAPI-stained mineral
sample (Fig. 1E).

To demonstrate the ability to extend this to localizing bac-
teria on opaque and rough surfaces, a similar concentration of
MR-1 cells was introduced to cut basalt and freshly split sid-
erite surfaces. These cases represent more real-world samples
in which visible white-light illumination was not definitive in
identifying the location of microbes on these surfaces (Fig. 2A
and D). Visible features with morphologies that suggest a
bacterium within a crevice were definitively shown as bacterial
fluorescence in the native fluorescence images. In addition,
other bacterial cells not apparent in the visible images were
detected on both of these opaque surfaces (Fig. 2B, C, E, and
F). These images represent the first use of DUV-induced na-
tive fluorescence to noninvasively image single bacterial cells
on rough, natural, opaque surfaces. Although the use of DAPI
staining is an established method for localizing bacteria in
similar mineral samples, in the case of deep-UV native fluo-
rescence, there was no need to alter the samples chemically,
making them available for further investigations.

Results from the uninoculated minerals showed that with
excitation at 224 nm, mineral fluorescence in the UV was
minimal or nonexistent and thus did not obscure fluorescence
from bacterial cells and spores. DUV-excited images of gyp-
sum and basalt samples observed at multiple locations revealed
no detectable mineral fluorescence at emission wavelengths
from 290 nm to 450 nm (Fig. 3). In contrast, with excitation
with a traditional epifluorescence microscope at 365 nm and
emission at 450 nm (DAPI filter cube), these same unstained
samples produced a diffuse fluorescence background, with

some areas containing highly fluorescent mineral grains (Fig.
3). This was likely the result of absorption efficiencies associ-
ated to trace elements present in the minerals.

Spatial scalability and sensitivity of native fluorescence-
based microbial detection. The DUV microscope configura-
tion enables a resolution of 300 nm over a 700-�m2 area; a
large-area raster-scanning configuration enables a resolution
of 200 �m with which the total observable area is limited by the
1,000-mm by 500-mm raster tracks. With the multiple scales
that this method enables, bacterial distributions over large
areas can be easily observed and cell-substrate interactions can
be visualized.

Using only �4 �J/pulse, the DUV-induced native fluores-
cence results in a strong signal response from single microbial
cells. It is therefore possible to spatially scale this approach
over three orders of magnitude while maintaining single-cell
sensitivity. In contrast to DUV-induced native fluorescence,
Raman spectra have shown an ability to detect and character-
ize bacterial cells using vibrational bonds, but the compara-
tively weak scattering cross sections and current methods for
Raman imaging make the technique impractical for bacteria
widely distributed over natural, rough surfaces. Compared to
current Raman imagers, the DUV system demonstrated here
provided scan rates that were more than 7 to 9 orders of
magnitude faster.

Results of imaging done with the steel plate indicate that the
fluorescence from the scanner comes from the bacterial cells
and spores and not from the background (Fig. 4A). Addition-
ally, there is a correlation between the fluorescence intensity of
the raster scanner and the concentration of individual cells/
spores, giving the large-scale methodology a high level of de-
tection capability (Fig. 4B to E).

Application to the detection of microbes on environmental
samples. These laboratory-prepared samples demonstrate that
DUV excitation provides a noncontact, noninvasive optical
method for detection of bacterial cells. However, in environ-
mental samples, cells may not exist as simple cell accumula-
tions at the surface but rather may be present in complex

FIG. 3. Mineral fluorescence comparison between DUV (224-nm) and Hg (365-nm) lamp for uninoculated basalt (A) and gypsum (B). Panels
A1 and B1 are fluorescence images of basalt and gypsum with an excitation at 365 nm and emission at 435 nm (e.g., DAPI filter). The same samples
were illuminated at 224 nm with images collected at 320, 340, 360, 387, and 438 nm (A2 to 5 and B2 to 5). Panels A2 to 5 show no fluorescence
from the basalt, and panels B2 to 5 show no fluorescence from the gypsum, even at the 438-nm band, which is similar to the DAPI filter.
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three-dimensional cell-organic-mineral biofilm matrixes. As
such, we used DUV native fluorescence to describe the macro-
scopic community structure and single-cell features on basalt
thick sections that were incubated as an in situ colonization ex-
periment at 980 m below sea level at the Lo’ihi Seamount. Similar
experiments have been conducted in the deep sea (11, 15, 30, 32),
corroborating the general observations (adhesion patterns, cell
densities, and secondary mineral associations) made here. We
present here the first example of using DUV-induced native flu-
oresce as a noninvasive and label-free method to map the distri-
bution of bacterial populations and image discrete bacteria and
bacterial communities from a natural environment.

A raster-scanned DUV map over the 6.5- by 4.5-mm chip

showed the spatial heterogeneity of bacterial growth in which
signatures were spatially associated to the edge of iron-oxide
mineral features (Fig. 5A to C). The densest regions of these
oxides had very low fluorescence intensity, indicating very low
biomass. The intense signatures were on the periphery of the
oxides, suggesting that either other bacteria were buried
within the oxides or had migrated as these secondary min-
erals formed.

Using the raster scan images as a guide (Fig. 5A to C),
visible and DUV microscopic images were acquired from re-
gions of both low and high fluorescence intensity. Images col-
lected from the low-fluorescence regions consisted of cell
abundances of approximately 1,000 cells/mm2. However, for

FIG. 4. Label-free imaging of bacteria from the macroscopic to the microscopic using deep-UV native fluorescence. (A) Raster-scanned image
of the plate after inoculation with bacteria. The color bar represents the fluorescence intensity by the number of 320-nm photons emitted in a 60-�s
pulse. These data were collected using the DUV raster scanner. The images are of bacteria dried on a stainless steel plate over an area of 600 mm2

(50 by 12 mm). The intensity of the signal is proportional to the density of the cells and spores in the area. (B to E) High-resolution visible and
native fluorescence images of the plate were taken with a DUV fluorescence microscope (excitation, 224 nm; emission, 320 nm) at areas indicated
by white squares, indicating that the macroscopic signal comes from few to many single cells or spores. (B) S. oneidensis from the edge of a
high-concentration region; (C) B. pumilis cells from a region of high concentration; (D) B. pumilis cells from a region of low concentration; (E) B.
pumilis spores from a region of very low concentration. (B1 to E1) Visible images of the stainless steel surface. Panels B2 to E2 are native
fluorescence images of the areas shown in panels B1 to E1, and panels B3 to E3 are overlays of the native fluorescence and visible images, showing
that the bacteria are preferentially attaching at grain boundaries.
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the dense high-fluorescence regions, the cell abundance was
closer to 5,000 to 10,000 cells/mm2. One particularly dense
region had a distinct Y-shaped morphological feature in the
fluorescence data (Fig. 5D and E). A DUV microscopic image
of this region shows that the signature emanated from a biofilm
attached to an iron oxide formation (Fig. 5F and G). Although
single cells cannot easily be deciphered from the image, the
300-�m2 area covered by the bacteria suggests that there are

60 to 150 cells. The local cell density limits distinct cellular
morphology and requires spectral data to confirm that these
are bacterial cells. In addition to the 320-nm band, DUV im-
ages were also taken using 340- and 360-nm bands to show that
the fluorescence of the biofilm correlates to a high-resolution
fluorescence spectrum of bacterial cells (Fig. 5H).

A DUV source enables the detection of microbes in their
native state on natural materials, avoiding background

FIG. 5. Label-free imaging of bacterial communities from the Lo’ihi Seamount. (A) Visible image of a basalt chip incubated at the Lo’ihi
Seamount (980 m below sea level). Lighter regions are iron oxides that formed during incubation. (B) Raster-scanned DUV native fluorescence
image (6 by 4 mm) of the biomass distribution over the basalt chip (emission at 320 nm). The color ramp is the intensity in photons/nm. (C) An
overlay of the visible image and the native fluorescence image, indicating that the biomass is located at the periphery of the dense iron oxide
regions. (D) Visible image of the Y-shaped iron oxide feature, at a higher magnification, from the region identified by the green box in panels A
to C. Visible image (E), DUV native fluorescence image at 320 nm (F), and overlay (G) of the Y-shaped feature from the red boxed area shown
in panel D, showing bacterial communities attached to the oxide formations. The white circle indicates the area illuminated by the DUV laser.
(H) Spectroscopic comparison of a DUV native fluorescence spectrum of bacterial cells (S. oneidensis) compared to relative fluorescence
intensities of the bacterial mass at 320, 340, and 360 nm.
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autofluorescence and without the need for fluorescent dyes or
tags. Excitation in the DUV offers real-time detection of bac-
teria on mineral and metal surfaces at spatial scales ranging
from tens of centimeters to micrometers and from communi-
ties to single cells, without irreversible sample alteration or
destruction. DUV native fluorescence is an ideal tool for in situ
detection of bacteria, extending from use in the deep biosphere
to other nutrient-limited environments.

The capability of the DUV methodology to image over many
spatial scales provides both contextual and high-resolution im-
ages of bacterial cells. The combination enables not only cor-
relation of bacterial populations to surface variables, including
texture, mineralogy, and stress regions on a microscopic scale,
but large-scale correlations, such as chemical gradients found
in ice cores and rock strata. In addition, the combination of the
high sensitivity and wide-area imaging capability provides a
search tool for bacterial cells that may be surviving at the limits
of life, such as the oceanic lithosphere and the deep subsur-
face, or for life detection on other planetary bodies (21, 28, 29).
Deep-UV-induced fluorescence detection of cells in the envi-
ronments would allow targeted analysis by secondary methods,
enabling the location of potential life forms and allowing the
use of subsequent, more-specific spectroscopic, chemical,
and biological methods. For example, combining spectroscopic
methods such as Raman and native fluorescence enables rapid
triaging of a sample and identifies specific regions over which
Raman and resonance Raman imaging would provide further
characterization of the cell(s) as well as the substrate.
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